Ascidians are marine invertebrate chordates. Their tadpole larvae contain a dorsal tubular nervous system, resulting from the rolling up of a neural plate. Along the anterior-posterior axis, the central nervous system (CNS) is organised into a sensory vesicle, neck, trunk ganglion and tail nerve cord and consists of approximately only 330 cells, of which around 100 are thought to be neurons. The organisation of distinct neuronal cell types and neurotransmitter gene expression within the CNS has been described. The unique developmental mode of ascidians, with a small number of cells and a fixed cell division pattern, allows individual cells to be traced throughout development. This feature has led to the complete documentation of the cell lineages of certain cell types in the CNS. Thus a step-bystep understanding of nervous system development from the initial stages of neural induction to the neurogenesis of individual neurons is a feasible goal. The genetic control of neural fate induction and early neural plate patterning are now well understood. The molecular mechanisms specifying the cholinergic neurons of the trunk ganglion as well as the pigment cells of the sensory organs are also well elucidated. In addition, studies have begun on the morphogenetic processes of neurulation.
Introduction
Ascidians are urochordates, or tunicates, which together with cephalochordates and vertebrates, belong to the phylum, or superphylum, Chordata [1] . Within the chordata, ascidians are phylogenetically more closely related to vertebrates, with cephalochordates the earliest branching chordates [2] .
Chordates are characterised by the presence of a notochord, dorsal hollow neural tube (the formation of which is the topic of this review), and pharyngeal slits [1] . While both solitary and colonial life styles exist in ascidians, developmental biology studies have mainly focused on two solitary ascidian species, Halocynthia roretzi and Ciona intestinalis. It should be noted that Ciona intestinalis is in fact two cryptic species termed either C. intestinalis subtype A and B or C. robusta and C. intestinalis [3] [4] [5] . Ciona sp. are found throughout the world and a vast array of molecular tools have been developed in the last decades [6] [7] [8] . In this review I will mainly focus on Ciona.
Ascidians develop with a small number of cells, a stereotypic cell division pattern and early fate restriction. For example, gastrulation begins at the 112-cell stage of development, a stage when most embryonic cells are already fate restricted to one tissue type, and a fully formed larva contains approximately 2500 cells. The small size and relative transparency of ascidian embryos also aid microscopic and cellular analysis of development. These features allow individual cells to be named and followed during development. The cell lineage of the central nervous system (CNS) is well described until tailbud stages and the lineage of some larval neurons is completely documented [9] [10] [11] [12] [13] [14] [15] . Despite a mode of development very different from classical vertebrate models, the fate maps of ascidian and vertebrate pre-gastrula stage embryos are nonetheless comparable ( Figure 1 ) [16] . The ascidian central nervous system, like that in vertebrates, largely arises on the notochord side of the blastula stage embryo (Figure 1 ). The neural tube is made by the rolling up of the neural plate, a process called primary neurulation, as is observed in most vertebrates [12, 17, 18] . At tailbud stages, the developing CNS of ascidians can be directly compared to its counterpart in vertebrates, with many conserved molecular features such as expression of the Otx gene anteriorly and Hox genes posteriorly [10, 19, 20] . Despite a similar fate-map and larval body plan between ascidians and vertebrates, the molecular mechanisms leading to tadpole formation are not necessarily well conserved [16, [21] [22] [23] .
Thus, studying ascidians can both highlight which chordate developmental strategies are under strong evolutionary constraints as well as those that are subject to a high level of mechanistic plasticity. The purpose of this review is to describe the formation of the ascidian CNS in its own right. The simplicity and fixed cell lineage of ascidian larval development means that it should be possible to understand, with step-by-step precision, the specification of every cell of the larval CNS. This review will describe to what extent this has been achieved and the challenges that remain. Gene naming follows published guidelines, with alternative names shown in brackets the first time a modified gene name is mentioned [24] . Cell lineage naming follows the nomenclature rule developed by Edwin G. Conklin [25] .
AN OVERVIEW OF THE ASCIDIAN LARVAL CENTAL NERVOUS SYSTEM
The CNS of ascidian larvae is separated into three morphological domains, the anterior-most sensory vesicle, followed by a narrow 'neck' region, a trunk ganglion (also called visceral ganglion) and tail nerve cord (Figure 2a) . Homologies between the vertebrate and the ascidian CNS are not entirely resolved [10, 19, 20, [26] [27] [28] . An excellent discussion on regional homologies in the CNS as well as the evidence for a dipartite versus tripartite organisation of the ascidian CNS can be found in Ikuta and Saiga, 2007 [10] . The following description is a tentative synthesis of the published literature ( Figure   2a ). Along the anterior-posterior axis, expression of Otx suggests that the sensory vesicle corresponds to the forebrain of vertebrates. Gene expression patterns suggest that a large part of the ventral and lateral sensory vesicle represents a proto-hypothalamic-retinal territory [29] [30] [31] [32] . More posteriorly, a Pax2/5/8a+/Otx-/Hox1-domain in the neck region corresponds to the vertebrate mid-hindbrain boundary with a Pax2/5/8a+/Hox1+/Phox2+ domain, also in the neck, corresponding to the hindbrain.
Finally the Hox+ trunk ganglion and probably also the tail nerve cord correspond to the spinal cord of vertebrates. Whether the tail nerve cord corresponds to any part of the vertebrate neural tube has been controversial [19, 28] . During these earlier studies it was thought that the tail nerve cord was devoid of neurons. We know now that this is not the case and some neurons are indeed present in the tail nerve cord. In particular, the anterior caudal inhibitory neurons (ACINs) that constitute part of the probable central pattern generator are derived from the Hox+ anterior nerve cord [10, [33] [34] [35] . For this reason, I
include the anterior tail nerve cord as comparable to the vertebrate spinal cord (Figure 2a ).
Conservation of dorsal-ventral gene expression patterns have also been described between ascidian and vertebrates [28, [36] [37] [38] . Interestingly, at the level of the trunk ganglion, differential gene expression in the five pairs of cholinergic neurons that are aligned along the anterior-posterior axis is similar to that observed along the dorsal-ventral axis of the vertebrate spinal cord, suggesting some convergence between the two axes in ascidians [39] . However, a note of caution concerning this section: similar gene expression patterns do not necessarily imply equivalent roles for homologous genes between ascidians and vertebrates [21, 22] , an issue that can only be resolved by functional comparisons. While the focus of this review is the larval CNS, it is worth noting the fate of the CNS after metamorphosis. Following metamorphosis, the adult CNS is constructed predominantly from the non-neuronal ependymal cells of the larval CNS, suggesting that the ependymal cells have stem celllike properties [40, 41] . The anterior-posterior axis of the larval and adult nervous systems is largely maintained following metamorphosis, although the entire tail nerve cord is lost.
LARVAL BEHAVIOUR
A CNS is required, ultimately, to govern the behaviour of the organism. Ascidian larvae exhibit two types of movements, asymmetrical tail flicks and symmetrical swimming [42] . Tail flicks are used during and just after hatching, which may assist in hatching from the chorion [42] . Tail flicks may also be used as a 'warm up' prior to symmetrical swimming [42] . Symmetrical swimming is powered by undulating tail motion with left and right muscle bands contacting alternatively in a regular frequency [34, 42, 43] . This type of spontaneous regular swimming is thought to be generated by a central pattern generator in the nervous system [33, 44] . Muscular contraction is thought to be coordinated by the coupling of muscle cells by gap junctions [42, 45] . After hatching, larvae exhibit two characteristic behaviours: firstly, they swim upwards with negative geotaxis, followed later by downward, negative phototactic, swimming [43, [46] [47] [48] [49] [50] [51] . During this later phase, which takes place 3-4 hours after hatching, larvae exhibit a 'shadow response', such that swimming frequency increases in response to a reduction in light [43, 47, [50] [51] [52] . The first phase may act to disperse the larvae whereas the second phase helps the larvae find a shaded place prior to metamorphosis [46, 49] . Neuromuscular transmission is cholinergic and takes place via the muscle nicotinic acetylcholine receptor (nAChR) channel [52, 53] . The ability to grade the strength of muscle contraction (thus tail flexion), important for changing the force (tail beat frequency) and direction of swimming, depends upon specific residues in the nAChR channel pore [52] . A nerve-cord trunk ganglion preparation (such that the sensory vesicle is removed) is able to generate co-ordinated (L-R alternating) swimming in response to glutamate [34] . This suggests that the nerve-cord and trunk ganglion contain the central pattern generator, which can be activated by glutamatergic stimulation from the sensory vesicle. Intact glycinergic signalling is required for the L-R co-ordination of swimming [34] , whereas GABA treatment inhibits swimming, reducing movement to single tail flicks [54] . The expression pattern of genes involving in production or processing of these neurotransmitters will be described in the following section.
CELL TYPES IN THE CENTRAL NERVOUS SYSTEM
The entire CNS consists of around 330 cells, with an estimated 100 neurons [55] . In this section each part of the larval CNS and its composite cell types will be described ( Figure 3 ).
Sensory vesicle
The sensory vesicle is the ascidian larval brain and is the most intricate part of the CNS containing around two thirds of its constituent cells [55] . One of the most prominent features of the sensory vesicle are the pigmented cells (Figure 3a ) [56] . The pigmented cells contribute to the sense organs, the otolith (also called statocyte) and the ocellus. The otolith is thought to be a gravity receptor and required for the upward swimming behaviour of hatchlings [46, 51, 57] . The otolith is a unicellular organ, consisting of a foot part, anchored in the ventral wall of the sensory vesicle, and a free part containing a large, almost round, melanin granule within the cavity of the sensory vesicle [51, 58, 59] .
The otolith itself is glutamatergic [60] . Neurons in the ventral wall of the sensory vesicle project sensory endings that contact the otolith cell body [57, 61] . It is proposed that these projections detect movement of the otolith. The axons of these neurons project to the trunk ganglion. These neurons may correspond to three antennal neurons identified by Imai and Meinertzhagen [62] and glutamatergic neurons identified by Horie et al [60] .
The ocellus is a multicellular structure, situated on the right hand side of the sensory vesicle (Figure 3a) . Ocellus function is required for the larval photoresponse [46, 51, [63] [64] [65] . It consists of a cup-shaped pigment cell, easily distinguished from the otolith by its small and dispersed pigment granules, photoreceptors and 3 lens cells. The photoreceptors are ciliary and cover the right-lateral surface of the pigment cup [59, 66, 67] . One group of photoreceptors (group I), of which there are 18 to 23, extend processes through the pigment cup so that their outer segments lie, aligned in five rows, within the pigment cup [59, 64, 66, 67] . A second group (II), also on the surface of the pigment cup, have outer segments within the lumen of the sensory vesicle and number 8 to 11 [64] . Some, but not all, of the photoreceptors associated with the ocellus are glutamatergic, while some appear to be GABA/glycinergic [33, 60, 68, 69] . Photo-transduction and visual cycle genes of the ocellus photoreceptors have been reviewed elsewhere [56, 70] . The opening of the pigmented cup is ventralanterior [59] . At the entrance to the cup and slightly within the opening of the cup itself are three lens cells [59, 66] . These lens cells are not considered to be homologous to vertebrate lens cells [71] . These cells extend bulbous modified cilia into the sensory vesicle [59, 72] . The coronet cells are thought to represent some kind of pressure organ, although the function remains to be clarified [32, 51, 59] . There are estimated to be 19 coronet cells, at least some of which are dopaminergic [31] .
Closely associated with the coronet cells are other dopaminergic cells including at least one neuron and, together, these cells constitute the only dopaminergic cells in the larvae [31, 32] . Inhibition of the serotonin transporter (SERT, which presumably acts during the uptake of dopamine in ascidians) modulates both spontaneous and shadow response swimming [32] . To the left and adjacent to the coronet cells, a group of ependymal cells extend their cilia between the bulbs of the coronet cells [72] .
Some neurons of the sensory vesicle have been described using a pan-neuronal promoter (synaptotagmin) to drive the GFP reporter [62] . This method identified the eminens cell and the L1 neuron ( Figure 3a) . The eminens neuron, of which there is thought to be only one per larva, has large soma in the dorsal posterior sensory vesicle. This neuron may receive the axon terminals of the papilla neurons, and its axon projects straight to proximal tail [62] . The L1 neuron is a large interneuron in the posterior ventral wall of the sensory vesicle, it projects dorsally, then posteriorly to proximal tail and there are at least two per larva [62] . Both of these neurons are thought to be GABAergic [68] .
The posterior part of the sensory vesicle is seen as the processing hub of brain activity, integrating sensory input from sensory organs and controlling motor output [44] . Regionalised expression of glutamatergic, GABA/glycergic (most of which are likely to be GABAergic) and cholinergic markers in this part of the CNS suggests the presence of a high number of neurons, whose identity and cell lineage are largely unknown [33, 54, 60, 68] .
Neck
The narrow neck region between the sensory vesicle and trunk ganglion is devoid of neurons.
Interestingly, the Pax2/5/8a+/Hox1+/Phox2+ domain of the neck will generate brachial basket cholinergic motoneurons after metamorphosis [19, 41] .
Trunk Ganglion
The trunk ganglion corresponds to a swelling of the neural tube, situated between the neck and the tail nerve cord (Figures 2a, 3a) . In the literature, it has been variously called the visceral and the trunk ganglion. Since this region does not produce the visceral neurons, we refer to it as the trunk ganglion as proposed by Dufour et al [19] . The trunk ganglion contains 5 pairs of ventro-lateral cholinergic neurons, at least 2 pairs of which are motoneurons [73] . This group of cholinergic neurons is sometimes referred to as the motor ganglion in the literature. The cholinergic motoneuron axons innervate the anterior muscle bands with innervation of the dorsal muscle band clearly demonstrated, although whether the medial and ventral muscles are also innervated is not agreed upon [33, 42, 52, 62, 73] . Subunits of the nAChR are broadly expressed in tail muscle [52] . Using fusion proteins to visualise their localisation, nAChR subunits have been shown to co-localise precisely with the motor axon terminals at the anterior-most dorsal muscle as well as with the descending motor axons in more posterior dorsal muscle cells [52] . The cell lineage of the five pairs of cholinergic neurons is known, each cell is characterised by different gene expression and each possesses distinct neuronal characteristics (Figure 3a ) [39, 73] . The anterior-most of these cholinergic neurons, A12.239, expresses Dmbx, projects a contralateral thin axon, and is thought to be an interneuron. Next, another probable interneuron, A13.474, expresses Vsx and projects a thin axon towards the tail. A11.118 is clearly a motoneuron, it expresses Nk6 and Mnx, and projects axons with endplates that contact the lateral surfaces of anterior tail muscle cells. A11.117 is a Vsx+, Pitx+ probable interneuron characterised by a thin axon and the presence of neurites on the soma. Finally, A10.57 is an Islet+, Mnx+ probable motoneuron, descending an axon with small putative endplates close to the muscle.
The molecular mechanisms leading to specification of these cholinergic neurons is known in precise detail and will be discussed later.
Other neurons present in the trunk ganglion were identified using the pan-neuronal synaptotagmin promoter [62] . A potential motoneuron was described to extend a ventrally projecting axon with direct apposition to ventral muscle cells. This is presumably distinct from the cholinergic motoneurons described above, which are not thought to project to the ventral muscles [33, 73] . The trunk ganglion also contains the ovoid neuron, which extends a long axon terminating mid-way down the tail with no endplates and may be cholinergic [62, 68] . In the dorsal part of the trunk ganglion are at least three contrapelo neurons with ascending axons [62] . The presence of GABA/Glycinergic (most likely GABAergic), other cholinergic and potentially serotonergic neurons are also reported in the trunk ganglion [33, 54, 68, 69, 74] .
Tail nerve cord
The tail nerve cord is a tube consisting of only four cells in cross section, one dorsal, one ventral and two lateral. Underneath the tail nerve cord, at its ventro-lateral corners run bundles of caudally projecting axon tracts [18, 62, 75] . The tail nerve cord appears to be made up of predominantly ciliated ependymal cells [72, 75] . However, recently, neurons have been identified in the tail nerve cord. In the anterior part of the tail nerve cord are two pairs of GABA/glycinergic (most likely glycinergic) anterior caudal inhibitory neurons (ACINs) [33] . ACIN axons extend anteriorly and contralaterally, appearing to terminate on the contralateral cholinergic axon bundles [33] . Consistent with a possible role for glycinergic inputs into motor activity, the cholinergic neurons themselves (as well as muscle cells) express a glycine receptor and glycinergic function is required for the left-right co-ordination of swimming [34] . The ACINs may themselves be regulated by the ipsilateral cholinergic neurons whose axons contact the ACIN cell bodies. The cholinergic motoneurons and ACINs are proposed to form a circuit with ipsilateral activation and contralateral inhibition generating reciprocal muscle contractions, thus forming the central pattern generator [33] .
At least two types of planate neurons were also observed along the ventro-lateral axon tracts, with either anterior or posterior projecting neurites [62] . These neurons, most likely correspond to cholinergic neurons identified in Horie et al (2010), based on their similar morphology and position.
There are an estimated 12 to 15 planate neurons [33] . Another possible tail neuron is the caudal neuron in the anterior tail nerve cord that has a unique broad multipolar terminal with at least three branches (and no endplates) [62] . However, this neuron was only observed in one preparation and therefore its identity needs to be confirmed by further studies.
NEURONS OF THE PERIPHERAL NERVOUS SYSTEM
The central nervous system would not function correctly without the sensory input from the peripheral nervous system (PNS). The peripheral nervous system consists of the papillary neurons of the adhesive papillae, the epidermal sensory neurons and the bipolar tail neurons (Figure 3b ) [60, 76, 77] .
The palps, an adhesive organ that are required for attachment to a substrate prior to metamorphosis, are situated at the anterior end of the embryo. There are two spindle shaped neurons in each palp, which are most likely chemosensory in nature [76, 78, 79] . Epidermal sensory neurons are classified as rostral and apical trunk epidermal neurons (RTEN, ATEN) and caudal epidermal neurons (CEN), which are found both dorsally (d) and ventrally (v) in the tail. The epidermal sensory neurons are proposed to be mechanosensory neurons, though their function is not entirely clear [60, 68, 76, 79] .
Most PNS sensory neurons appear to be glutamatergic and innervate the CNS at the level of the sensory vesicle and trunk ganglion [60, 76] . The papillary and epidermal sensory neurons possess cilia, which extend into the tunic [72, 80] . The epidermal neurons also extend processes forming an unusual interconnecting dendritic network throughout the larval tunic [79, 81] . The bipolar tail neurons (BTNs) are generated from posterior epidermis and migrate anteriorly and dorsally to their final position outside, dorsal to and closely associated with the CNS [76, 82] . CENs in the overlying dorsal ectoderm form synaptic contacts with the BTNs, which extend processes forming multiple synaptic contacts with two pairs of motoneurons (A11.118 and A.10.57) [82] . The BTNs are most likely GABAergic [69] .
EMBRYONIC ORIGIN OF THE NERVOUS SYSTEM
At the 8-cell stage of development, cell division separates the animal and vegetal hemispheres of the embryo and the four founder lineages are born [14, 25, 83] [9] . Rows III-VI are a-line derived, with rows III and IV giving rise to the anterior-most part of the sensory vesicle as well as part of the oral siphon primordium [9, 14, 84, 85] . Due to their position in the neural plate and close association with the CNS lineages, rows V and VI are considered as part of the neural plate. However, they do not contribute to the CNS, but instead give rise to a specialised region of the anterior ectoderm. This region includes the palps as well as a proto-placodal-like neurogenic ectoderm from which the anterior trunk epidermal neurons (aATENs) are generated (Figures 3b, 4a) [14, 86, 87] . In this review rows V and VI of the neural plate will be referred to as non-CNS anterior neural plate. Lateral to the A-and a-derived neural [9, 14] . Two muscle precursors, intimately associated with the neural plate, are specified at the lateral-posterior border of the A-line derived neural plate and are specified during posterior neural plate patterning (Figure 2g ) [88] . For some cell types in the larval CNS, the cell lineage is completely documented and will be discussed later in this review.
PNS and the neural border cells
Most PNS neurons arise from cells surrounding the neural plate (Figure 4a ). The non-CNS anterior neural plate will generate the palps and ATENs [9, 14, 86, 89] . In Halocynthia it has been shown that the RTEN are induced by signals from the non-CNS anterior neural plate in the epidermis just anterior to it [89] . Lateral to the neural plate are non-CNS b6.5 derivatives (light blue on Figure 4 ). These cells generate the dorsal most epidermis including the dCENs as well as the aBTN and one muscle cell [82, 90] . The pBTN arises from the b-line cell just posterior to the b6.5 lineage cells (Figure 4a ) [82] .
In contrast, the ventral CENs arise far from the neural plate (Figure 4a , lower panel) [90] . The mechanisms of CEN specification are well elucidated but will not be discussed here [90] [91] [92] [93] .
Recently, a specialised region of the ascidian embryo, termed the neural border based on coexpression of vertebrate neural plate border genes such as Msx and Snail, has been described [82] .
This territory includes the lateral-most cells of the a-line-derived neural plate, the b-line CNS precursors and the b-line epidermis that surrounds the lateral and posterior neural plate (Figure 4b ). Some of these cells will generate part of the CNS, such as the pigmented cells and dorsal neural tube; others will generate specialised regions of epidermis with their associated PNS neurons (Figure 4 ) [9, 14, 36, 82, 90] . This lateral and posterior border region is proposed to have evolved from border cells already present in the common ancestor of tunicates and vertebrates (called the olfactore), which then evolved to give rise to the neural crest in the vertebrate lineage [36, 82] .
STEP-BY-STEP CELL FATE SPECIFICATION IN THE CNS
In the following section, our current knowledge of the step-by-step specification of the CNS will be described. It will start with neural induction at the 32-cell stage of development. Developmental events prior to the 32-cell stage have been reviewed elsewhere [94] [95] [96] [97] . Deciphering the mechanisms of cell fate specification was greatly assisted by the prior documentations of the cell lineages [9, [12] [13] [14] [15] 25] and extensive efforts to build EST collections and gene expression profiles [13, 29, [98] [99] [100] [101] [102] .
Neural fate segregation

Segregation of the a-line neural lineages
The a-line neural lineages start to become fate restricted at the 32-cell stage of development with the birth of the a6.5 cell, which will generate the medial columns 1-2 of rows III-VI and begins to express the Otx gene (Figure 2 ). This is considered as the first step of ascidian 'neural induction', though these cells will actually contribute to both sensory vesicle and the anterior neural border (see above).
Induction of Otx in a6.5 depends upon Fgf9/16/20-signals arising from underlying vegetal cells [103] . [108] . Thus, FGF signals govern the first two neural segregation steps, 'neural induction' and CNS specification. During the first step of neural induction, the neural precursors are prevented from precociously adopting the CNS neural fate (Zic-r.b+) by a repressive timer mechanism. This mechanism involves a set of three factors-two zinc finger proteins (BZ1 and 2) and Hes-a transcription factor [109] . These molecules prevent neural precursors from adopting a precocious Zic-r.b-positive CNS neural fate in response to FGF-signals. The competence delay mechanism itself is switched off by auto-repression from the BZ factors. This simple 'feedback delay timer' mechanism explains how the response to FGF-signals differs in the same cell lineage at these two developmental stages. By the early gastrula stage, the a-line neural plate precursors consist of two rows of cells, six CNS precursors (the precursors of rows III and IV) and six non-CNS anterior neural plate precursors (the precursors of rows V and VI) (Figure 2f ). These mechanisms of a-line neural fate segregation have also recently been reviewed elsewhere [97] . Maintenance of induced aline neural fate (including both CNS and non-CNS neural plate derivatives) depends upon gap junctions (connexin) [45, 87] 
Segregation of the A-line neural lineages
At the 64-cell stage the A-line neural lineages segregate from notochord lineages (Figure 2e ). This fate segregation also involves differential FGF/ERK activation, but in contrast to neural induction in the aand b-line neural lineages, FGF-signals have an opposite effect. In the A-lineages, FGF-signals promote notochord and repress neural fates [113] [114] [115] . Indeed, the neural precursors require protection from FGF-signals via Efna.d signalling [116, 117] . In the absence of ephrin-signalling neural precursors instead adopt notochord fate. The four A-line neural precursors of the 64-cell stage embryo then divide along the medial-lateral axis to generate one row of eight cells at the early gastrula stage (Figure 2f ). This row of cells then divides along the anterior-posterior axis to generate rows I and II of the 6-row neural plate with the lateral most pair of cells giving rise to one CNS and one muscle precursor (Figure 2g ).
Neural plate patterning
Differential ERK1/2 activity patterns the neural plate along the A-P axis
By the early gastrula stage, CNS precursors are arranged in two rows of precursors, one row of eight A-line cells and one row of six a-line cells (Figure 2f ). These cells divide along the A-P axis to give rise to two rows of A-line and two rows of a-line CNS precursors at the '6-row neural plate' stage (termed '6-row in the literature since it also includes two rows of non-CNS anterior neural plate cells) (Figure 2g ). Differential ERK1/2 activation between rows III (ERK1/2 on) and IV (ERK1/2 off) again governs their binary fate choice (Figure 5a ) [118, 119] . It is not yet clear how this differential activation pattern of ERK1/2 is achieved, though it is most likely explained, at least in part, by the expression pattern of Fgf genes [118, [120] [121] [122] . Differential ERK1/2 activity is continuously observed in a-line cells following their successive A-P oriented cell divisions (Figure 5a ). Its role during the specification of the pigment cells will be discussed later. Similarly, in the A-line cells of the 6-row neural plate stage embryo, differential ERK1/2 activation between row I [118, 119] (ERK1/2 on) and II (ERK1/2 off) is required for the binary fate choice of each sister cell pair ( Figure 6 ) [121] .
Medial-Lateral neural plate patterning
Independently of the ERK-dependent anterior-posterior patterning, Nodal and Delta-Notch signals pattern the neural plate across the medial-lateral axis. This patterning is best understood for the A-linederived part of the 6-row stage neural plate ( Figure 6 ). By the 6-row neural plate stage, each cell within the A-line neural plate expresses a unique genetic signature [11, 121] . Patterning of these cells along the medial-lateral axis is initiated by Nodal. The Nodal gene is activated in the b6.5 lineage of the 32-cell stage embryo during neural induction, as described above. Nodal signals subdivide the Aline neural lineages into medial and lateral domains (Figure 6a) [91, 110, 121, 123] . This lineage segregation appears to operate in a binary mode with Nodal promoting lateral at the expense of medial fate [91, 110, 121, 123, 124] . One transcriptional target of Nodal signals, Snail, which encodes a transcription factor that is expressed in the lateral domain of the A-line derived neural plate, mediates the Nodal-dependent repression of medial neural plate genes [91, 124] . In parallel, Nodal induces expression of Delta-like (previously Delta2 or Delta.b), in the b6.5 derivatives as well as a vegetally derived cell, at the 64-cell stage. Delta/Notch signals then act to induce column 4 identity (Figure 6a ) [121] . Interestingly, this fate specification may not be binary; while Delta/Notch induces column 4 identity, it may not supress column 3 gene expression in column 4, although results concerning column 3 gene expression were inconsistent between different studies [11, 121] . Again in a Nodaldependent fashion, expression of Delta-like is subsequently induced in columns 3 and 4 of the early gastrula stage embryo, where it acts to segregate column 2 from column 1 fates (Figure 6a ) [121] . This patterning cascade, initiated by Nodal signalling at the 32-cell stage, is sufficient to divide the neural plate into its four distinct columns of differential gene expression ( Figure 6 ). Together with the anterior-posterior patterning driven by differential FGF-ERK signalling, each cell in the A-line neural plate receives a unique combination of signalling inputs, which determine the eight unique cell identities present in the posterior neural plate (Figure 6b ). The anterior-posterior (A-P) and mediallateral (M-L) mechanisms are independent processes; the specific coordinates along the rows (A-P) or columns (M-L) of neural plate cells are not affected when patterning along the other axis is inhibited [121] . Importantly, where tested, it has been shown that disruption of this early patterning translates into predictable mis-specification of cell fates in the CNS at tailbud stages of development [91, 110, 124] .
Nodal is similarly required for the medio-lateral patterning of the anterior (a-line-derived) neural plate. Genes expressed in the lateral a-line neural plate are lost when Nodal signalling is inhibited [91, 110] . In conclusion, establishment of the neural identities in the grid-like array of neural plate cells up to the 6-row neural plate is well understood, particularly for the A-lineages. However, further work is required to clarify the mechanisms that pattern the a-lineages and for many aspects of the b-lineages, which remain poorly characterised.
From Neural plate to tailbud stages
As described above, a unique combinatorial input of Nodal, Delta and FGF-ERK signalling confers a distinct cell identity upon each cell of the posterior (A-line derived) neural plate. These signal inputs initiate regional GRNs that further pattern the neural plate during the following developmental stages [11] . While the GRNs and subsequent patterning events that generate the fully patterned CNS are incompletely understood, a few cases have been particularly well elucidated and are described below.
The first two cases are concerned with certain A-line neural plate cells. The lineages of these cells from the 6-row neural plate stage until the birth of the five pairs of post-mitotic cholinergic trunk ganglion neurons are described in Figure 7 . Notch-Delta signalling [39] . Thus, we now have a detailed framework describing the step-by-step specification, following every cell division, from neural fate specification all the way to the formation of these post-mitotic trunk ganglion cholinergic neurons. How cholinergic character is imposed on these trunk ganglion neurons is also beginning to be elucidated. Expression of cholinergic genes depends upon Ebf (formally COE), which itself depends upon Neurogenin [11, 125] . Both Ebf and Neurogenin are expressed in the cholinergic precursors during tailbud stages (though this is not so clear for Ebf expression in the A13.474 lineage) [11, 73] .
Establishment of the sensory vesicle-neck boundary
Specification of the otolith and ocellus pigmented cells
The pigment cell lineage is also well-described (Figure 5a [108, 118, 119, 122] . ERK1/2 is most likely activated by FGF-signalling and mediated by ETS transcription factors at each stage [36, 119, 120] . The cell divisions up to the 6-row stage have been described above. From the 6-row stage, the cells in rows III (and IV) divide along the A-P axis to give row IIIa (anterior) and row IIIp (posterior) cells, with ERK1/2 active in row IIIp (as well as IVp) [118, 119] . At this stage, but not at earlier stages, ephrin signals are required to attenuate ERK activation in anterior daughter cells [118] . Inhibition of this ephrin signalling results in supernumerary pigment cell formation [118] . The lateral row IIIp pigment cell lineage undergoes one final division and again the posterior daughter, now the post-mitotic pigment cell precursor, exhibits higher levels of ERK1/2 activation [118, 119] . The post-mitotic pigment cell precursor pair (one from each side of the embryo) forms an equivalence group that needs to undergo one final cell fate choice, whether to become the otolith or the ocellus pigment cell [126] .
Recent evidence suggests that this final fate choice is directed by Wnt signalling [36, 122] . The FGF-ERK-ETS cascade induces Tcf, a DNA-binding factor known to mediate canonical Wnt signals, in the pigment cell precursors, which then intercalate at the midline in a random fashion, with one cell posterior and one anterior [122, 126] . Wnt7, expressed along the dorsal midline of the neural tube, just posterior to the pigment cell precursors, induces ocellus over otolith fate in the posteriorly-positioned pigment cell precursor (Figure 5a ) [36] .
While we know in detail the signalling requirements for pigment cell specification, it is not clear how the spatial pattern of ERK1/2 activation is achieved. In addition, the gene regulatory network acting downstream of ERK1/2 at each stage of pigment cell specification remains to be unravelled. The comprehensive description of gene expression profiles of the pigment cell lineage at each stage of their specification [119] will undoubtedly provide a rich resource to tackle this question.
Photoreceptors of the ocellus-Left-Right brain patterning
Once specified in the midline, the ocellus pigment cell moves to the right of the sensory vesicle, a movement that depends upon Nodal, which is expressed in the left epidermis of tailbud stage embryos (Figure 5b) [9, 127] . In Ciona, the photoreceptors associated with the ocellus are reported to derive from the right-hand a9.33 and a9.37 lineage (row III medial two columns), with the coronet cells arising from the left hand lineage [9] . However, recent evidence suggests that the photoreceptors derive not from the a-line, but from the row II A-line cells [120] . An A-line origin would be in agreement with the photoreceptor cell lineage described in Halocynthia, in which lineage tracing showed that the photoreceptors arise from the right A8.7-lineage [14] . The cell lineage of the photoreceptors in Ciona thus requires clarification. Specification of the ocellus-associated photoreceptor lineages involves a Neurogenin-to-Onecut-to-Rx genetic cascade with Rx then activating Arrestin and Opsin1 gene expression [63, 128, 129] . Nodal expression on the left side of the larvae represses Rx gene expression (and thus Arrestin and Opsin1), restricting photoreceptor cell formation to only the right side (Figure 5b ) [127] . Inhibition of Nodal signalling from late neurula stages (i.e. much later than the patterning role in the neural plate described above), results in photoreceptor formation on both sides of the ocellus as well as symmetrical pigmentation of the ocellus (Figure 5b ) [127] .
Our understanding of the cell lineage and how the majority of the sensory vesicle cell types are specified is incomplete, hampered by the relative complexity of this region. A transcriptomic analysis of the sensory vesicle should help build a gene expression map of the larval brain [29, 102] .
This could pave the way to elucidate further the patterning mechanisms and underlying GRNs, which in turn needs to be linked to the cell lineage and the different cell types found in the sensory vesicle.
MORPHOGENESIS
In order to understand how a functional CNS is constructed, we need to understand the morphogenetic processes of neural tube formation and how these processes are coordinated with the patterning mechanisms described above. For example, how the successive rounds of A-P oriented cell divisions that are observed in the ascidian neural lineages are controlled is not understood [12, 13] . On the other hand, the mechanisms controlling the morphogenetic processes of neural tube closure have begun to be elucidated. Neural tube formation begins with the invagination of the neural plate along a posteriorto-anterior wave, followed by neural tube closure, which also takes place progressively in a posteriorto-anterior direction following a zipper-like closure [12, 13, 130, 131] . This simple continuous closure is in contrast to more complex vertebrate models where closure initiates at multiple specific sites along the neural folds and zippering progresses in both anterior and posterior directions [17] . In ascidians it was shown that zippering involves local and sequential actomyosin-dependent contraction of the neural-epidermal cell junction just ahead of the advancing zipper, followed by junction exchange (neural-epidermal cell junctions are replaced by epidermal-epidermal and neural-neural cell junctions) and detachment of the cells from the zipper [130] . The epidermis also plays a critical role in the rolling up of the neural plate [132] . In ascidians, an extended G2 phase of the epidermal cell cycle is critical for neural tube formation [131] . During this pause in the cell cycle, ROCK (Rho-kinase)-dependent elongation of epidermal cells towards the midline contributes to closure of the neural furrow. If this extended G2 phase is experimentally reduced, elongation of epidermal cells towards the midline does not occur, posterior zipper initiation fails and the neural cells remain in a sheet [131] . Interestingly, while the posterior neural tube uses a zippering mechanism to close, the anterior neural tube closure appears to follow a 'purse string' contraction [130] . Anterior neural tube closure has not been studied in detail in Ciona, though it appears to depend upon Ascidian Cell Adhesion Molecule (ACAM) [133] .
Sealing of the anterior neural folds at the end of neurulation depends upon T-type calcium channels and down-regulation of ephrin-Eph signalling, though the exact mechanism is not understood [134] .
An anion transporter, soluble carrier 26 (Slc26aα), and an ammonium transport protein (ATM1a) are required for the correct formation of the lumen of the sensory vesicle [135, 136] . Thus, the morphogenetic processes of neurulation and how it is controlled are beginning to be tackled, though there still remains much to be understood.
Conclusion
As described above, in recent years much progress has been made towards our understanding of how this tiny and simple chordate CNS is constructed. Impressive amounts of EST and gene expression profiles have been compiled and the genetic mechanisms leading to induction and patterning of the central nervous system have begun to emerge. Many neuronal cell types have been described in the CNS and information on neurotransmitter distribution has been obtained. In some cases, we now have a very good conceptual framework of how specific neural cell types are generated in step-by-step manner (the cholinergic neurons of the trunk ganglion constituting the best example). In the vast majority of cases described, cell fate decisions are binary. The morphogenetic processes that roll the neural plate into a neural tube have also begun to be elucidated.
One of the main challenges ahead will be to integrate the gene expression patterns, neuronal cell types and cell lineages into a comprehensive larval body atlas. This is essential if we aim to gain a step-by-step molecular understanding of how each individual neural cell type is generated.
Unravelling the complete underlying GRN will be technically challenging given that many of the factors involved will have both early and late roles in development. However, the ability to conduct lineage-specific and temporal specific gene perturbation should help circumvent this problem.
Methods such as electroporation to generate lineage specific expression of dominant negative constructs [39, 119] or gene knockout constructs (such as CRISPR/Cas9) [8] , as well as temporal application of chemical inhibitors of signalling pathways [118, 121, 127] will no doubt continue to help achieve this aim. Our understanding of the neuronal network (connectome) is also currently very incomplete and will be essential to understand how the nervous system functions. Elucidating neuronal functions also remains a challenge. Optogenetic stimulation could potentially be used to assay the function of individual neurons or neuronal subtypes in larvae, as has been achieved for the cholinergic neurons of juveniles [41] . Finally, the morphogenetic processes that help build the larval CNS and how these processes are integrated into the GRNs remains to be understood. While the cell division patterns in the neural tissue are well described, how they are temporally controlled and oriented is not understood. The complex, multifaceted nature (multigenic, epigenic and environmental) of factors required for correct neural tube closure means that the genetic control of neurulation remains poorly understood in vertebrates despite decades of effort [17, 132, 137] . The simplicity of the ascidian model could make it a particularly amenable system to study the genetic control of neurulation. In conclusion the simplicity of the ascidian tadpole offers an opportunity to understand in precise detail the development and function of its miniature chordate CNS. [118], Copyright Elsevier. All other embryos were drawn with help from 3D-virtual embryo [107, 138] . [89] . The RTEN lineages is described only in Halocynthia (Hr) [89] . 
